Plant Lipids: Metabolism,
Mutants, and Membranes
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The mechanisms that regulate plant- lipid metabolism
determine the dietary and industrial value of storage oils
found in economically important species and may control
the ability of many plants to survive exposure to temper-
ature extremes. Many of the problems researchers have in
defining the pathways, enzymes, and genes involved in
plant lipid metabolism appear to be amenable to analysis
by genetic approaches. Mutants with alterations in mem-
brane lipid composition have also been used to study the
structural and adaptive roles of lipids. The application of
genetic engineering methods affords opportunities for
researchers to apply knowledge gained about plant lipid
metabolism toward enhanced use of plant oils as abun-
dant and renewable sources of reduced carbon.

ANY OF THE QUESTIONS CONCERNING LIPID METABO-

lism in higher plants are similar or identical to those that

orient research on organisms from other orders. In par-
ticular, there is broad interest in elucidating the enzymatic pathways
involved in lipid synthesis and breakdown, characterizing the rele-
vant enzymes, and defining the mechanisms that regulate membrane
and storage lipid compositions. However, there are characteristic
themes superimposed on research in plant lipid biochemistry that
provide unique dimensions. Because plants are valued for a multi-
tude of uses, few advances in our understanding of plant biology fail
to improve the suitability of plants for human purposes. For
example, detailed knowledge about plant lipid metabolism can be
applied to the development of new or improved plant oils.

In contrast to the rather limited subset of fatty acids found in field
crops, there is substantial diversity in the structures of fatty acids and
lipids that are accumulated as storage reserves by various wild
species (1). For every fatty acid with an even number of carbons
from 8 to 24, a plant that accumulates it has been identified. These
fatty acids may have double or triple bonds at many positions along
the chain, and these unsaturations may be accompanied or replaced
by various substituents such as cyclopropene, hydroxyl, or epoxy
groups (Fig. 1). Many of these fatty acids could be of substantial
industrial use if they could be produced with the same efficiency as
edible oils and in comparable quantities. The recent development of
facile methods for the introduction of cloned genes into higher
plants has made possible the production of useful new oils by the
transfer of genes for fatty acid-modifying enzymes from undo-
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mesticated species to crop species.

A second research theme is the role of membrane lipid composi-
tion in the ability of higher plants to survive temperature stress.
Many higher plants are subjected to wide seasonal variations in
growth temperature and may experience temperature-induced injury
at both extremes (2, 3). For instance, many plants of tropical origin
are injured by exposure to low, nonfreezing temperatures that
would not harm plants from temperate zones. Some plants acclimate
so that they are able to survive exposure to freezing if they are first
given a period of gradual exposure to low temperatures. Similarly, if
given a period of growth in progressively warmer conditions, many
species acclimate to thermal extremes that injure nonacclimated
plants. Recently, evidence from several experimental approaches has
implicated membrane lipid composition as a factor in temperature
tolerance mechanisms. Because many of the same enzymes partici-
pate in both membrane and storage lipid synthesis, research efforts
on developing genetic methods to modify the composition of
storage oil have joined efforts to test several prominent hypotheses
about temperature tolerance.

Many higher plants have properties that facilitate the application
of genetic methods to problems in biochemistry and physiology.
Diploid species such as barley, maize, or Arabidopsis thaliana can be
mutagenized at high rates with chemicals or ionizing radiation; it is
frequently possible to identify mutants deficient in activity for any
inessential gene product by screening only a few thousand individ-
uals (4). In addition, the development of methods to isolate genes by
the chromosome walking technique (5) affords researchers an
opportunity to exploit Arabidopsis mutants not only for use in
comparative physiological analyses but also to clone genes that are
not accessible by other approaches. We have undertaken detailed
genetic (6) and biochemical (7) analyses of lipid metabolism in this
species. In this article we use the information available about
Arabidopsis as a framework to discuss recent progress and some
central questions and goals in plant lipid metabolism. We have not
addressed recent work implicating inositol lipids (8) and jasmonic
acid (9) in signal transduction pathways, the studies of the role of
lipid composition in freezing tolerance (10), or the large body of
genetic and biochemical work concerning the biosynthesis and
function of cuticular lipids (11).

Glycerolipid Synthesis

The membrane lipid composition of plants differs from the
membrane lipid composition of animals and fungi primarily in the
composition of the chloroplast membranes, which are composed
almost entirely of glycerolipids containing sugar head groups (ga-
lactose or a sulfonated hexose, 6-sulfoquinovose). The lipid compo-
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Fig. 1. Structural formulas for some unusual fatty acids accumulated in seed
oils of higher plants: 1, a component of stillingia oil from Sapium sebiferum
seed oil; 2, crepenynic acid from the seed oil of Crepis foetida; 3, sterculynic
acid from Sterculia alata seed oil; 4, gorlic acid, one of several cyclopentene
acids accumulated by members of the family Flacourtiaceae; 5, vernolic acid
from the seeds of Vernonia galamensis; 6, ricinoleic acid from the seeds of
Ricinus communis; and 7, a furan-containing fatty acid from the seed oil of
Exocarpus cupressiformis.

sition of chloroplasts is similar to that of cyanobacterial membranes
(12), the presumed ancestor of the chloroplast. Fatty acids and lipids
are not transported between the cells of higher plants. Thus, each
cell is autonomous with respect to lipid synthesis, and the overall
lipid and fatty acid composition may vary widely from one cell type
to another. Most or all fatty acid synthesis occurs in the plastid (13),
an organelle that assumes a range of developmental states in different
tissues. Elongation of fatty acids to chain lengths of more than 18
carbons occurs later in the cytosol.

Although the overall pathway of fatty acid synthesis in plants is
similar to that in other organisms, the plant enzymes differ in several
important respects from those in other eukaryotes (13). The reac-
tions of the fatty acid synthesis cycle are catalyzed by individual
polypeptides, as is the case in Escherichia coli, rather than by
multifunctional polypeptides, as in animals and fungi. The use of
these individual polypeptides permits changes in the stoichiometry
of the individually catalyzed reactions by the use of different
isozymes in different cell types and for different substrates. For
example, evidence indicates the existence of three isozymes of
3-ketoacyl:acyl carrier protein (ACP) synthase that are expressed
concurrently in the plastid (14). Isozyme III appears to initiate the
synthesis of the acyl chain, isozyme I elongates the acyl chain to
16:0-ACP, and isozyme II is specifically required for the elongation
0of 16:0-ACP to 18:0-ACP [see (15) for an explanation of fatty acid
abbreviations]. Thus, the plant may vary the ratio of these enzymatic
activities to regulate the ratio of C, 4 fatty acids to those with Cyg.

The 18:0-ACP is rapidly and efficiently converted to 18:1-ACP
within the chloroplast.by the only known soluble desaturase (16).
Because this enzyme does not desaturate 16:0-ACP, the regulation
of elongation of 16:0-ACP to 18:0-ACP is a key factor in deter-
mining the level of saturated fatty acids found in both membrane
and storage lipids. The amino acid sequence of this unique desatu-
rase (deduced from complementary DNA sequences) is highly
conserved among plants but shows no detectable homology to the
corresponding enzymes from yeast or vertebrates, suggesting that
the plant enzyme is independently evolved (17). No sequence
information is available for the corresponding enzyme from bacteria.
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In contrast to the 3-ketoacyl: ACP synthase, no clear role has been
identified for the multiple isoforms of ACP that are encoded by a
gene family (18) and are found in all vascular and nonvascular
multicellular plants (19). The presence of only one form in unicel-
lular algae and cyanobacteria (19) suggests that the isoforms in
higher plants function in tissue specificity. This idea is supported by
the observation that one of the two isoforms in spinach is specific to
the leaf, whereas the other is constitutive. The discovery of ACP in
plant mitochondria (20) provides an explanation for at least one of
the genes but raises the more provoking question as to the function
of ACP in mitochondria (fatty acid synthesis has not been demon-
strated in this organelle). Because ACP can participate as an acyl
carrier in reactions other than fatty acid synthesis, one possibility is
that the mitochondrial form, and possibly other forms, are involved
in secondary acylation reactions.

Because plants are unique in that they acquire reduced carbon by
photosynthetic CO, fixation, some of the mechanisms that regulate
fatty acid synthesis in plants differ from those in organisms that
acquire carbon by catabolism. For instance, fatty acid synthesis in
leaves is sixfold higher in the light than in the dark. Although the
mechanistic basis of this effect has not been established, a recent
analysis of the effects of illumination on the composition of the
acyl-ACP pool provided in vivo evidence that the rate-limiting step
in fatty acid synthesis in leaves was acetyl-coenzyme A (CoA)
carboxylase (21), which is also thought to be the principal site of
regulation in animals and fungi. Thus, although the mechanism
regulating acetyl-CoA carboxylase activity is different in plants and
animals, the “logic” of metabolic contro] appears to be similar.

There are two main sites of lipid synthesis, the plastid and the
endoplasmic reticulum (Fig. 2). In addition, the recent character-
ization of several mitochondrial acyltransferases suggests that the
mitochondrion is at least partially autonomous with respect to lipid
synthesis (22). Because of the acyl-group specificity of the acyltrans-
ferases in the various organelles, lipids synthesized in the plastid
have a C¢4 fatty acid on the sn-2 position (15), whereas lipids
synthesized in the endoplasmic reticulum have a C,4 fatty acid on
the sn-2 (23). This “molecular pedigree” permits the measurements
of the relative flux of fatty acids through the two cycles (Fig. 2). In
Arabidopsis, about half of the fatty acids remain in the chloroplast
and are made into chloroplast-specific lipids by-a series of reactions
that are collectively termed the prokaryotic pathway (7, 23). The
other half are exported from the chloroplast and are converted to
lipid in the endoplasmic reticulum by a parallel pathway termed the
eukaryotic pathway. Curiously, a substantial proportion of the lipid
synthesized in the endoplasmic reticulum may be reimported into
the chloroplast.

The relative flux through the two pathways varies from species to
species (23). In plants such as pea and barley, all but a few percent
of the fatty acids are incorporated into glycerolipids in the endo-
plasmic reticulum, so that the chloroplast is almost entirely depen-
dent on imported lipids. By contrast, in many green algae the
chloroplast is almost entirely autonomous with respect to membrane
lipid synthesis. The presence of this polymorphism was recognized
20 years ago in the observation that some angiosperms (designated
“16:3 plants”) have substantial quantities of 16:3 fatty acids in their
leaf lipids, whereas others (“18:3 plants”) do not (24). Because
lipids containing 16:3 fatty acids are only produced by the prokary-
otic pathway, the amount of lipids with 16:3 fatty acids reflects the
relative flux through the two pathways. As a general rule, primitive
angiosperms and lower plants have the highest amount of flux
through the prokaryotic pathway. However, there is no obvious
taxonomic grouping of the angiosperm families based on 16:3
plants or 18:3 plants, suggesting that the loss of the plastid pathway
has occurred independently several times.
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Researchers do not know why some plants use both pathways,
whereas other plants have largely dispensed with the prokaryotic
pathway. The existence of the two pathways may provide greater
metabolic flexibility, which may be of adaptive significance. For
instance, it was observed that in the desert shrub Atriplex lentiformis
the 16:3 fatty acids virtually disappear after acclimation to an
elevated growth temperature (25). A possible interpretation is that
the flux of fatty acids through the prokaryotic pathway is repressed
at high temperature. However, it is not yet apparent what advantage
this may have for the organism.

Mutant Analysis

By screening for natural or induced variations in crop species,
plant breeders have identified many useful genetic variants in the
fatty acid compositions of seed oils [reviewed in (26)]. A notable
example is the elimination of high concentrations of the fatty acid
22:1 (erucic acid) from rapeseed oil in response to concerns that
dietary 22:1 fatty acid might be associated with a high incidence of
myocarditis in rats (27). Oil from the low-erucic cultivars (designat-
ed canola in North America) is now considered to be one of the
most beneficial sources of dietary lipid (28). We have isolated a
range of mutations that affect lipid metabolism in the small mustard
Arabidopsis thaliana by taking small samples of leaf or seed material
from randomly chosen plants in a mutagenized population and
measuring the fatty acid compositions by gas chromatography (6).
By screening approximately 10,000 individuals, we have isolated
mutations affecting at least 12 of the steps in glycerolipid metabo-
lism; seven classes of the mutants are shown in Fig. 2. None of the
mutants can be readily distinguished from the wild type by visual
inspection under normal growth conditions.

Most of the mutations cause the loss or reduction in the amount

Fig. 2. The major pathways of glycerolipid syn-
thesis in leaf cells of Arabidopsis. The width of the
arrows indicates the flux through the various steps
(7). The breaks in the pathway represent the
enzymatic deficiencies in various mutants of Ara-
bidopsis. The series of reactions within the shaded
box is referred to as the prokaryotic pathway.
Except for the reactions of fatty acid synthesis, the
reactions outside the shaded box are collectively
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of an unsaturated fatty acid and the corresponding accumulation of
a less unsaturated precursor. Thus, it is inferred that the fadA4 (6),
fadB (29), fadC (30), fadD (31), fad2, and fad3 (32) mutants are
defective in the desaturation of lipid-linked fatty acids. Because
researchers have been unable to detect activity for most of the
desaturases in vitro, very little was known about the number of
desaturases, the identity of substrates or electron donors, or their
cellular localization before analyses of the effects of the mutants.
Analyses of the effects of each of the fad mutations on the acyl
composition of the various lipids confirmed metabolic labeling
studies that indicated that, except for the w9 double bond in C,g
fatty acids, double bonds are introduced into fatty acids esterified to
lipids, rather than to acyl-CoA or acyl-ACP (33). Thus, for instance,
the fadA mutants are specifically defective in the accumulation of a
trans-fatty acid at the sn-2 position of phosphatidylglycerol (PG) in
the plastid (6). Similarly, fadB affects the desaturation of a 16:0 fatty
acid to 16:1 at the sn-2 position of monogalactosyldiacylglycerol in
the plastid (29). By contrast, the other desaturases [for example,
those controlled by the fadC and fadD genes (30, 31)] are not specific
for the length of the fatty acid, the fatty acid’s position on the
glycerol backbone, or the nature of the lipid headgroup Including
the stearoyl-ACP desaturase gene for which there is no known
mutant, there are at least eight genes that control the activity of
specific desaturases in the leaf. All of the fad mutations have been
genetically mapped and form the basis for attempts to isolate the
corresponding genes by the chromosome walking technique from
flanking restriction fragment length polymorphisms.

Analysis of the effects of these mutations has provided several
insights into the regulation of membrane lipid desaturation. In
general, the mutations have metabolic consequences that are similar
to simple blocks in a biosynthetic pathway; the precursor accumu-
lates at the expense of the product. However, in the case of the
_fadB mutant, which is deficient in the desaturation of a 16:0 fatty
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referred to as the eukaryotic pathway. Both path-
ways are initiated by the synthesis of 16:0-ACP
and 18:0-ACP within the plastid. Most of the
18:0-ACP is desaturated to 18:1-ACP by a solu-
ble desaturase. The acyl-ACPs may be used within
the plastid for the synthesis of phosphatidic acid
(PA) or hydrolyzed to free fatty acids, which
move through the plastid envelope and are con-
verted to CoA thioesters in the outer envelope
membrane by acyl-CoA synthetase. Further desat-
uration of fatty acids is catalyzed by enzymes that
act on glycerolipids. The chloroplast desaturases
use ferredoxin as the electron donor (64), whereas
the microsomal w6 desaturase uses cytochrome by
(65). PA made by the prokaryotic pathway, which
has a 16:0 fatty acid at the sn-2 position, is used
for the synthesis of phosphatidylglycerol (PG),
diacylglycerol (DAG), monogalactosyldiacylglycerol (MGD), digalactosyldi-
acylglycerol (DGD), and sulfolipid (SL). Acyl groups exported from the
plastid are used for synthesis of PA in the endoplasmic reticulum. PA made
by this pathway, which has a C, fatty acid at the sn-2 position, gives rise to
phospholipids such as phosphatidylcholine (PC), phosphatidylethanolamine
(PE), and phosphatidylinositol (PI), which are characteristic of various
extrachloroplast membranes. A substantial proportion of the DAG is trans-
ferred by an unknown mechanism to the chloroplast envelope where it
contributes to the synthesis of plastid lipids. In many species of higher
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plants, PG is the only product of the prokaryotic pathway, and the remaining
chloroplast lipids are synthesized entirely by the eukaryotic pathway. In other
species, such as Arabidopsis, both pathways contribute about equally to the
synthesis of MGD, DGD, and SL, and the leaf lipids characteristically
contain substantial amounts of 16:3 fatty acids, which are found only in
MGD and DGD molecules produced by the prokaryotic pathway. The
remaining labels are as follows: G3P, glycerol 3-phosphate; CDP-DAG,
cytidine diphosphate-DAG; LPA, lysophosphatidic acid.
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acid to 16:1, there is also a significant decrease in the proportion of
chloroplast lipids synthesized by the prokaryotic pathway (29).
Because the fadB mutation affects only lipids synthesized by the
prokaryotic pathway, this decreases the effects of the mutation on
the level of membrane lipid unsaturation. The implication is that
there is a mechanism that senses some property of the membrane
affected by the mutation and partially compensates for the defect by
adjusting the flux between the prokaryotic and eukaryotic pathways.
A second set of observations about the mechanisms that regulate the
desaturases was obtained from an examination of F, hybrids from a
cross of the wild type with the fad mutants. For the fadA, fadD,
and fad3 mutations, the heterozygotes had fatty acid compositions
almost exactly intermediate between those of the wild type and those
of the homozygous mutants. By contrast, in the fadB, fadC, and fad2
mutants, the heterozygotes more closely resembled the wild type,
indicating that a single functional gene resulted in adequate levels of
activity. These observations suggest that the activity of the terminal
enzyme in each pathway is determined by the amount of gene
expression, whereas the activity of the intermediate steps in each
pathway appears to be regulated by the activity of the particular
enzyme.

In a wide variety of organisms the degree of fatty acid unsatura-
tion increases when the organism is exposed to low temperature. In
the leaves of many plants, the effect of cold treatment on fatty acid
composition is slight because the membranes are highly unsaturated
at normal growth temperatures. However, studies with the fadD
mutant indicate the presence of a cold-induced desaturase that is not
expressed at normal growth temperatures (34). The existence of this
enzyme, which appears to be an isozyme of fadD, became apparent
when it was found that three independent fadD mutants had
wild-type fatty acid compositions at low temperatures but were
deficient in trienoic fatty acids (16:3 and 18:3) at growth temper-
atures above 26°C. The mechanism by which temperature regulates
this inducible desaturase activity is not yet apparent. However,
cold-induced desaturase activity is pronounced in certain species of
cyanobacteria (12, 35). The isolation of a desaturase gene from the
cyanobacterium Synechocystis PCC 6803 (36) should permit an
analysis of the involvement of the low-temperature regulation of
gene expression in this phenomenon (3).

A number of Arabidopsis mutants were also recovered that have
altered fatty acid compositions as a result of defects in fatty acid
elongation or in other reactions of lipid synthesis (32). The act1
mutants are deficient in plastid glycerol 3-phosphate (G3P) acyl-
transferase activity, the first enzyme of the prokaryotic pathway (37).
As a result of this mutation, all but a small percent of the fatty acids
made in the chloroplast are exported to the eukaryotic pathway.
Thus, the mutation effectively converts a 16:3 plant into an 18:3
plant. In spite of the increased flux of lipid through the eukaryotic
pathway, an equivalent total amount of fatty acid is made. In
addition, the same amount of lipid is retained in the endoplasmic
reticulum for the biogenesis of extrachloroplast membranes, but
approximately three times the normal amount of lipid is transferred
back to the plastid so that the amount of accumulated chloroplast
membrane lipid remains the same. The ability of the mutant to
compensate for the loss of the prokaryotic pathway raises questions
about the mechanisms that determine how much of a particular

of the plasma membrane, it is not clear how lipid moves between
membranes in any eukaryote (38). There is no evidence for vesicular
traffic between the endoplasmic reticulum and the chloroplast. Nor
is there evidence for lipid transfer by membrane contact between
organelles. Therefore, researchers have focused their attention on
the role of a class of 9-kD polypeptides that are called lipid transfer
proteins because they catalyze the (nonspecific) exchange of lipids
between membranes in vitro. These polypeptides are among the
most abundant plant proteins and account for as much as 4% of the
soluble protein obtained from crude leaf homogenates (39). The
participation of the lipid transfer proteins in intraorganelle lipid
transfer has been questioned by the recent discovery that these
polypeptides are cotranslationally inserted into the lumen of the
endoplasmic reticulum (40). It is therefore unlikely that they could
appear in the cytoplasm. The function of these proteins is currently
being evaluated in transgenic Arabidopsis plants in which the amount
of lipid transfer protein has been reduced by the expression of
antisense RNA for the corresponding gene (41).

The Role of Lipid Unsaturation

Many of the conclusions pertaining to the role of fatty acid
unsaturation in membrane structure and function have been inferred
from the properties of pure lipid dispersions, the reconstitution of
membrane protein activity, the use of inhibitors, and dietary manip-
ulations (42, 43). The availability of mutants with specific alterations
in membrane lipid fatty acid compositions provides another method
to examine the physiological consequences of variation in lipid
unsaturation. Because of the availability of sensitive techniques for
assaying the function of the photosynthetic electron transport
activity of chloroplast membranes, we have initially focused on the
analysis of those mutants that affect chloroplast membrane lipid
compositions. Chloroplast membranes are highly unsaturated and
normally are composed of about 70% trienoic fatty acids. Large
changes in the amounts of lipid unsaturation in the fad mutants had
only minor effects on the rate of the photosynthetic electron
transport in any of the conditions that we examined (6, 29-32, 37).
This contrasts with the results of studies that used inhibitors of fatty
acid desaturases, lipase treatments, or other correlative approaches
in attempts to understand the roles of lipid composition. However,
the results with the mutants are consistent with conclusions drawn
from experiments in which chloroplast lipid unsaturation was
reduced by catalytic hydrogenation (43). In this approach, mem-
branes or whole cells are treated with hydrogen gas in the presence
of a water-soluble catalyst. The method is unspecific but does permit
an analysis of the results of a major reduction in the amount of
unsaturation without allowing the organism to change other com-
ponents of the membrane in order to compensate for the effects of
the mutation. The results of these studies have confirmed that
chloroplast membranes can withstand large decreases in the amount
of lipid unsaturation without exhibiting significant effects on pho-
tosynthetic electron transport.

A pronounced consequence of decreased lipid unsaturation is that
several mutants exhibit changes in the ultrastructure of their chlo-
roplast membranes. The cross-sectional area of chloroplasts from

membrane lipid is accumulated. Presumably, in this case, because of _fadD mutants is only about 50% of the area of chloroplasts in the

the accumulation of protein in the developing chloroplast mem-
branes, these membranes became a “sink” for the additional lipid
synthesized by the eukaryotic pathway.

In order to understand the mechanisms by which the act1 mutants
compensate for the loss of the prokaryotic pathway, it is necessary to
elucidate the mechanism by which the endoplasmic reticulum directs
lipids to the chloroplast. Unfortunately, with the possible exception
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wild type (31). The reduced chloroplast size is accompanied by a
corresponding increase in the number of chloroplasts, so that the
total amount of chloroplast membrane remains similar in mutant
and wild-type plants. This observation implies that the change in
unsaturation stimulates the chloroplasts to divide more frequently.
Although it is not currently possible to understand how fadD
mutations exert this effect, the observation highlights the lack of
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knowledge about the factors that determine organelle size and
shape. The effects of fadD mutations are not due to the reduction
in the gross level of unsaturation because the greater reduction in
chloroplast membrane unsaturation found in fadC mutants pro-
vokes distinctly different effects on chloroplast ultrastructure (30).

A clue to the basis of some of the ultrastructural effects was
obtained from studies of the effects of prolonged exposure to low
temperature on the mutants® growth. When illuminated at 4°C, the
wild type and the fadA and act1 mutant lines remained indistinguish-
able from one another in growth rates and appearance. In contrast,
newly developed tissue of the fadB and fadC mutants became
chlorotic at this temperature, and the plants exhibited a 30 to 40%
reduction in growth rate relative to the wild type (34). Cytological
analysis of the basis for this phenotype indicates that in dividing or
expanding cells the chloroplast membranes from the mutants exhibit
major ultrastructural abnormalities. In the case of the fadC mutant
there is only about 25% as much chloroplast membrane as in the
wild type. The structure of chloroplast membranes in mutants is
relatively normal in cells that were fully expanded before exposure to
low temperature.

It appears that the mutants are defective in the biogenesis of new
membrane at low temperature because of changes in the physical
properties of the lipids caused by the decreased acyl unsaturation.
Chloroplast membranes from chlorotic tissues of mutant plants
grown at low temperature have substantial changes in polypeptide
composition, suggesting that decreased unsaturation impedes pro-
tein translocation into chloroplast membranes. Such an effect was
previously seen with mutants of E. coli defective in fatty acid
unsaturation (44). Thus, the ultrastructural effects of the mutations
at normal growth temperatures may reflect a less dramatic manifes-
tation of a general requirement for a certain degree of lipid
unsaturation to accommodate the posttranslational insertion of
proteins into chloroplast membranes, rather than a direct effect of
lipid unsaturation on ultrastructure.

Although not all Arabidopsis mutants have been tested yet, the
available evidence indicates that lipid unsaturation is also a compo-
nent of thermal tolerance. Steady-state fluorescence measurements
indicating the temperature at which the chlorophyll a-b binding
protein complex dissociated from the photosynthetic reaction cen-
ters in the fadB and fadC mutants indicated significant enhancement
of the thermal stability of the mutant chloroplast membranes relative
to the wild-type chloroplast membranes (29, 30). Also, whole-chain
photosynthetic electron transport was less susceptible to thermal
denaturation in the mutants than in the wild type. A similar
enhancement of thermal stability was observed after catalytic hydro-
genation of chloroplast membranes (43). There is an inverse corre-
lation between the degree of chlorosis at low temperature caused by
the mutations and the degree of thermal tolerance. Thus, it appears
that decreased unsaturation has effectively shifted the plant’s growth
temperature range upward. In short-term growth tests, the fadB
mutant had a substantially higher growth rate than the wild-type
plants did at the highest temperature tested, suggesting that chlo-
roplast membrane thermal stability is a component of thermal
tolerance in the whole plant (29).

Because of similarities between the composition and function of
membranes from cyanobacteria to those of the membranes from
chloroplasts of higher plants, cyanobacteria are useful systems for
studying the role of lipid composition. Some species of these
photosynthetic prokaryotes are cold-sensitive, whereas others are
not. Researchers have isolated several mutants of the cold-resistant
cyanobacterium Synechocystis PCC6803 by screening for mutants
unable to grow at low temperature. One of these mutants, desig-
nated fad12, was found to be defective in an w6 desaturase, and
another was defective in an ®l2 desaturase (35). Researchers
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identified the gene for the w6 desaturase by genetic complementa-
tion of the mutation. When the gene was introduced into the
cold-sensitive species Anacystis nidulans, which does not have poly-
unsaturated fatty acids, 18:2 fatty acids accumulated in the mem-
brane lipids (36). The presence of 18:2 fatty acids made the A.
nidulans cold-resistant—evidence that lipid unsaturation can miti-
gate the effects of exposure to low nonfreezing temperatures. The
Jfad2 and fadC mutants of Arabidopsis are each deficient in organelle-
specific isozymes of the plant desaturase equivalent to the enzyme
encoded by the fad12 gene of Synechocystis PCC6803. Preliminary
results indicate that the fad2 mutants, which are defective in
desaturation of extrachloroplast membrane lipids, are also cold-
sensitive.

Although it appears that large changes in lipid unsaturation can
cause cold sensitivity, numerous comparisons of cold-sensitive and
cold-resistant plant species have failed to support the idea that gross
unsaturation can account for naturally occurring cold sensitivity.
Thus, attention has been focused on the possibility that it is the
degree of unsaturation of a particular lipid or a particular membrane
that is of crucial importance. On the basis of detailed analyses of the
molecular species of glycerolipids found in a wide range of plants,
researchers have proposed that the amount of PG that contains
saturated fatty acids at both the sn-1 and sn-2 positions affects cold
sensitivity (45). It appears that variability in the substrate specificity
of plastid G3P acyltransferase can account for the species differences
in the amount of disaturated PG (46). The recent cloning of the gene
for this enzyme (47) and the availability of act1 mutants that have
low endogenous levels of this enzyme have opened the way for a test
of the hypothesis by the production of transgenic plants containing
homologous genes from cold-sensitive and cold-resistant species.

Storage Lipids

Many plants accumulate large amounts of storage lipid in their
fruits or seeds in the form of triacylglycerols. For instance, in field
crops such as peanuts, flax, rapeseed, sunflower, and sesame approx-
imately 45% of the seed weight is composed of oil. Plant oils
constitute an important source of renewable fixed carbon and are
currently commercially produced in excess of 60 million metric tons
annually (48). Plant oil is used for human consumption, but a
proportion finds use in the manufacturing industries, particularly in
the production of detergents, coatings, plastics, and specialty lubri-
cants (48, 49). In addition, alcohol esters of some plant oils may find
future use as a diesel fuel substitute in urban settings where the
desire for reduced emissions of sulfur and aromatic pollutants may
offset the increased costs of these oils relative to those of petroleum
(50). The current estimated break-even price is $1.31 per gallon for
rapeseed oil esters (50).

In this respect, the oil palm (Elaeis guineensis Jacq.) deserves
mention. The plant represents an efficient source of biomaterial
because it is photosynthetically active throughout the year and
diverts a substantial proportion of the photosynthate to storage
rather than to growth. Some clones have an annual yield in excess of
7 tons of oil per hectare and may remain productive for up to 100
years, although current practices involve more rapid cycling of the
plants (51). By contrast, soybeans yield only about 0.4 ton of oil per
hectare. Once established, oil palm does not require the kind of
energy-intensive input of fertilizer and agrichemicals associated with
the production of field crops. Because the breeding cycle of oil palm
is about 12 years, acquisition of the knowledge required to permit
genetic improvements of oil quality and quantity in this species
should be an important goal in the development of renewable
resources. For example, a 360,000-square-mile plantation of oil
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palm would produce approximately the same amount of oil as the
United States imports in petroleum (about 3 billion barrels per
year). Because oil of different fatty acid compositions is required for
various applications, it is essential both to have a complete under-
standing of the regulation of triacylglycerol synthesis and to have the
genes available that are required to engineer the process.

In principle, triacylglycerol synthesis requires only one enzyme,
diacylglycerol (DAG) acyltransferase, in addition to those required
for the synthesis of membrane lipids by the eukaryotic pathway (Fig.
3). However, the degree of unsaturation of the fatty acids in
triacylglycerols may vary from that of the membrane lipids of the
cells that accumulate the oil, and many plants accumulate fatty acids
that are only found in triacylglycerols (Fig. 1). Two factors appear
to be responsible for regulating the unsaturation of triacylglycerol:
The first is that the synthesis of phosphatidylcholine (PC) from
DAG by CDP-choline:DAG cholinephosphotransferase is revers-
ible, so that in many oilseeds PC (a substrate for two desaturates) is
a direct precursor of the unsaturated species of DAG used in
triacylglycerol synthesis. The second is that, in seeds of some species,
exchange between the sn-2 position of PC and acyl-CoA is catalyzed
by an acyl-CoA:lysophosphatidylcholine acyltransferase (52). This
enriches the acyl-CoA pool with 18:2-CoA and 18:3-CoA, which
are then available for synthesis of phosphatidic acid and acylation of
DAG to triacylglycerol (Fig. 3).

A central question is the mechanism by which unusual fatty acids
are accumulated in triacylglycerols but excluded from membranes
(53). For instance, in members of the genus Cuphea, the most
abundant fatty acid in triacylglycerols ranges from Cg to C,4,
depending on the species (54). The fact that a series of closely related
species exhibits such variation suggests that differences in the
properties of only one or a few enzymes may be responsible for the
biosynthetic diversity. Recent studies of Umbellularia californica,
which also accumulates fatty acids of medium-chain lengths, suggest
that the medium-chain fatty acids are produced in the seed plastids
by an additional isozyme of acyl-ACP thioesterase, which preferen-
tially hydrolyses 12:0-ACP thioester (55).

A hypothesis as to why these medium-chain fatty acids (or other
atypical fatty acids) do not appear in phospholipids is based on the
observation that several of the acyltransferases involved in lipid
synthesis exhibit striking substrate specificity (56). The G3P acyl-
transferase lacks fatty acid selectivity. By contrast, the lysophospha-
tidic acid (LPA) acyltransferase appears to esterify medium-chain
fatty acids only to LPA that has a medium-chain fatty acid at the sn-1
position. The same coupling of substrate preferences is proposed for

Fig. 3. An abbreviated
scheme of the uses of
acyl-CoA in triacylglyc-
erol synthesis in typical
developing oilseeds. In
most species, 16:0-CoA
and 18:1-CoA are the
major products of plas-
tid fatty acid synthesis.
These thioesters are used

N$G3P
with G3P for de novo

Acyl-CoA
synthesis of PA in the

endoplasmic reticulum and with DAG for the synthesis of triacylglycerol. In
those oilseeds that accumulate 18:2 and 18:3 fatty acids, a proportion of the
DAG is interconvertible with PC. PC is a substrate for an w6 desaturase that
converts the 18:1 fatty acid at the sn-2 position to 18:2 and an w3 desaturase
that then converts the 18:2 fatty acid to 18:3. The acyl group at the sn-2
position of PC can be exchanged with acyl-CoA by an acyl-CoA:lysophos-
phatidylcholine acyltransferase (indicated by the lower open arrow). This
introduces polyunsaturated fatty acids into the acyl-CoA pool, which can
then be utilized for the synthesis of PA or triacylglycerol. The amount of acyl
exchange appears to vary among different species (52).

Diacylglycerol

Y

Phosphatidyl-
choline

=== Phosphatidate

Triacylglycerol
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long-chain fatty acids. In addition, it is proposed that the CDP:
choline DAG cholinephosphotransferase and the DAG acyltransfer-
ase are relatively specific for DAG molecules with long or medium
fatty acyl groups, respectively.

An alternate possibility is that there is some as yet unidentified
aspect of triacylglycerol biosynthesis that can account for the
enzymes’ acyl group specificity. For instance, because there is no
direct knowledge about the distribution of the lipid enzymes in the
microsomal membranes, a possible hypothesis remains that the
synthesis of triacylglycerols is spatially segregated from the synthesis
of phospholipids. A relevant problem concerns the mechanisms
involved in the biogenesis of the oil bodies, the unique organelles in
which the lipid is stored (57). In the electron microscope these
structures appear to be homogeneous oil droplets surrounded by an
electron-dense membrane composed of phospholipids and a small
family of low molecular mass (about 16 to 34 kD) hydrophobic
polypeptides, called oleosins, that may comprise as much as 20% of
the cellular protein (58). In this respect the plant lipid bodies are
morphologically similar to vertebrate serum lipoproteins such as
chylomicrons and very low density lipoproteins.

The oil bodies are thought to arise by the .accumulation of de
novo synthesized triacylglycerols in the interleaflet space of the
endoplasmic reticulum. As lipid accumulates, oil droplets develop
and eventually break away from the endoplasmic reticulum (59).
Studies of the developmental timing of oil accumulation, oil body
formation, and oleosin synthesis in Brassica have led to the conclu-
sion that the cytoplasmic lipid droplets initially lack proteinaceous
membranes (60). During later stages of seed development, the
accretion of a surface coating of the amphipathic oleosins appears to
induce fission of the oil bodies, which undergo a reduction to
approximately one-thirtieth of their original volumes (61). By
increasing the surface-to-volume ratio of the oil bodies in ~ way,
the oleosins may play a crucial role in germination by ensuring the
rapid accessibility of the lipases to the oil bodies.

Lipids and Genetic Engineering

In some cases, such as in the development of canola, researchers
achieved a useful change in oil composition by blocking the pathway
of fatty acid modification with a simple mutation. However, our
present understanding of the biochemistry and genetics of seed lipid
synthesis suggests that other desirable alterations will require the use
of sophisticated molecular genetic approaches (48). For example, for
health reasons, 16:0 fatty acids are considered less desirable com-
ponents of edible oils than are 18:0 or 18:1 fatty acids (62).
Because, as noted earlier, 3-ketoacyl-ACP synthase II activity may
regulate clongation of 16:0 fatty acids to 18:0, a substantial
decrease in 16:0 levels might be achieved if the activity of this
enzyme could be increased by the overexpression of the correspond-
ing gene in transgenic plants. Although opportunities exist to
improve the quality of the food supply, important opportunities also
exist in the development of new crops that could produce industri-
ally useful fatty acids. If the fatty acids shown in Fig. 1 could be
produced with the same efficiency as are edible fatty acids, these oils
could displace petroleum as a feedstock for certain industrial appli-
cations that exploit the functional groups of these fatty acids. These
new oils would create new markets for the agricultural sector and
would be a step toward greater reliance on renewable resources.

There are two strategies that might be used to produce new
industrial oil crops—domestication and genetic engineering. Since
ongoing attempts to domesticate several plant species during the
past 20 years do not yet appear promising, researchers are now
interested in using genetic engineering methods. An example of
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current efforts focuses on the castor plant (Ricinus communis L.),
which accumulates three compounds in its seed: toxic lectin (ricin),
a potent allergen, and a toxic alkaloid. About 90% of the fatty acid
in the seed oil is ricinoleic acid (Fig. 1), known since antiquity for its
cathartic effects. Presumably this quality of the oil evolved so that in
the unlikely event an organism survived the other challenges asso-
ciated with eating castor beans, the organism would not gain any
nutritional benefits. Because of the presence of the hydroxyl group,
ricinoleic acid is among the world’s most versatile natural products
and has hundreds of industrial uses that include synthesis of
nylon-11, lubricants, hydraulic fluids, plastics, cosmetics, and other
materials (49). Because of the toxic meal that remains after extrac-
tion of the oil and because of other agronomic problems that result
in relatively poor yields, castor is a minor crop primarily grown in
nonindustrialized nations where, in some cases, the seed is hand-
harvested from wild plants.

Evidence available about the synthesis mechanisms of ricinoleic
acid (63) suggests that a single enzyme converts oleic acid to
ricinoleic acid. Introduction of a gene for this enzyme into a variety
of sunflower with a high oleic acid content could result in the
creation of a new crop. Similarly, most of the fatty acids in Fig. 1,
as well as other fatty acids, can probably be produced from common
precursors by the introduction of a small number of enzymes into a
species such as sunflower. Because many of these fatty acids would
be more valuable than the fatty acids found in edible oils, the ability
to produce these materials in field crops would provide farmers with
alternative cash crops. Because of the magnitude of industrial
demands for chemical feedstocks, further advances in the knowledge
about plant lipid metabolism could lead to significant changes in
agricultural practices.
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“The bad news is that he’s writing a
book about the treatment of animals.”
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